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Abstract  

Coaggregation, a phenomenon contributing to biofilm formation, occurs among biofilm 

bacteria from different aquatic environments. However, not much is known about molecules 

involved in aggregation. In this study, freshwater, estuarine, and marine biofilm bacteria were 

evaluated for aggregation capabilities, and their cell-bound extracellular polymeric substances (CB-

EPS), known to play an important role in biofilm formation, were characterized for functional 

groups, and sugar composition via Fourier-transform infrared spectroscopy and high-pressure liquid 

chromatography.  

Biofilm-forming potential of estuarine and freshwater biofilm bacteria was higher as 

indicated by their coaggregation scores, attributed to CB-EPS with distinct sugar types, compared to 

marine. Most of the biofilm bacteria lost their ability to coaggregate after removal of CB-EPS, 

indicating its importance in coaggregation. Estuarine (Bacillus indicus, Bacillus cereus), and 

freshwater (Exiguobacterium spp., Bacillus cereus) bacterial pairs, retained their aggregation 

capability probably via expression of lipids and proteins, suggesting their ability to rebuild 

themselves by expressing specific biomolecules under stressed conditions. A similar expression 

pattern was observed when these strains were exposed to abrupt salinity-change (environmental 

stressor), indicating modulation of cell surface chemistry as a strategy to protect biofilm bacteria in 

harsh conditions. Unravelling role of these biomolecules as cues for settlement of macrofoulers is a 

step ahead. 
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Introduction 

The ability of bacterial cells to aggregate or form biofilms is an adaptive process, wherein 

they cooperate and improve their chances of survival on sensing and responding to environmental 

stress (de Carvalho et al., 2018). Many studies have reported that the formation of biofilms, whether 

it is cell-surface or cell-cell interactions, involves different molecules (e.g. lipids, polysaccharides, 

proteins, nucleic acids, and some other biomolecules), and processes (e.g. coaggregation and quorum 

sensing) which contribute to the development of biofilms (Rickard et al., 2000; Watnick & Kotler, 

2000; Stoodley et al., 2001; Sauer et al., 2002; Purevdorj-Gage et al., 2005; Irie & Parsek, 2008;  

Jain & Bhosle, 2009; Rumbaugh & Armstrong, 2014; Kviatkovski & Minz, 2015; Dang & Lovell, 

2016; Abisado et al., 2018 etc.). Moreover, recent studies have focused on the importance of 

coaggregation, a form of cell-cell interaction, characterized by highly specific recognition and 

adherence of potential partners mediated by lectin-saccharide interactions between cell surface 

molecules, thereby possibly resulting in the formation of biofilms, originating from these pre-formed 

cell aggregates (Rickard et al., 2000; Rickard et al., 2003; Kragh et al., 2016; Melaugh et al., 2016).  

Coaggregation was first reported by Gibbons and Nygaard, between different species of 

human dental plaque bacteria in the 1970s. It is not a random process but highly specific recognition 

and adherence of the bacterial cells that employ specific lectins (protein adhesins or carbohydrate 

moieties) present on their cell surface to recognize partner bacteria (Rickard et al., 2002; 

Kolenbrander et al., 2006). This process is a key mechanism and phenomenon in the biofilm 

formation, which also facilitates interaction among different bacterial species in the biofilms 

(Rickard et al., 2003). These interactions are known to occur between members of the same genus 

(intra-generic), same species (intra-species) or with different bacteria (inter-species) (Rickard et al., 

2002; Katharios-Lanwermeyer et al., 2014). Moreover, the coaggregation process along with 

autoaggregation, viz. self-aggregation or adherence of identical bacteria to one another (Trunk et al., 

2018), depends not only on environmental conditions but also on the distinct bacterial species, that 

attract potential partners through specific molecules either located on their cell surfaces (including 

polysaccharide content and the expression of adhesins) or associated with external appendages, thus 

forming an integral part responsible for the development and formation of multispecies biofilms 

(Ellwood and Tempest, 1972; Rickard et al., 2000; Rickard et al., 2003; Min et al., 2010). So far, this 

coaggregation process and the molecules involved have been extensively studied with regard to oral 

biofilms (Gibbons & Nygaard, 1970; Cisar et al., 1979; Kolenbrander et al., 1993; Palmer et al., 

2003; Rickard et al., 2003; Ledder et al., 2009) and is also known to occur within several clinical and 

non-clinical environments (Adav et al., 2008; Basson et al., 2008; Malik et al., 2003; Simões et al., 



2008; Vornhagen et al., 2013; Cheng et al., 2014; Stevens et al., 2015; Kumar et al., 2019). 

Relatively few studies have been reported on coaggregation between aquatic biofilm bacteria, e.g. in 

the freshwater biofilms (Buswell et al., 1997; Rickard et al., 2000, 2002) and marine biofilms 

(Saravanan et al., 2014). These studies have focused on understanding the role of coaggregation in 

aquatic biofilm development because of its potential to support or hinder colonization, retention of 

pathogens within biofilms in shear environments, microbial induced corrosion, and biofouling of 

surfaces (Stewart & Costerton, 2001; Kerr et al., 2003; Min & Rickard 2009; Katharios-

Lanwermeyer et al., 2014). The importance of bacterial biofilms and associated biopolymers in the 

settlement of macrofoulers and their implications in biofouling has been well studied (Khandeparker 

et al., 2002, 2003; Hadfield, 2011; Dobretsov & Rittschof, 2020 and references within). Moreover, 

the parentally associated biofilms are unique and play an important role in providing important 

signals for the settlement of marine invertebrate larvae by producing different types of compounds 

(Wahl et al., 2012; De Gregoris et al., 2012). Although, it is well known that biochemical cues 

expressed by the microbial aggregates or biofilms play a very important role in aquaculture and the 

settlement of the macrofouling organisms (Qian et al., 2007; Dobretsov & Rittschof, 2020), little is 

known about the mechanisms by which the aquatic biofilm-forming bacteria from different 

environments aggregate. Moreover, the molecules involved in the process and their relevance in the 

biofilm formation are least studied, and the same was addressed in the present study. 

Biofilms present in all the aquatic environments including freshwater ecosystems (e.g. lakes, 

inland port, rivers) and marine environments (e.g. estuaries, open ocean), are influenced by several 

environmental factors such as salinity, nutrient levels etc. (Mora-Gómez et al., 2016). The biofilm 

bacterial composition and microbial communities in these environments differ (Hede & 

Khandeparker, 2018; Khandeparker et al., 2017). Hence, it is expected that the composition of 

exopolymers and mechanisms involved in the formation of biofilms by the aquatic biofilm bacteria 

would also be different. These aquatic biofilm bacteria range from stenohaline bacteria tolerating 

only a small range of environmental salinities (marine bacteria) to euryhaline ones with their ability 

to switch from freshwater or saline water (estuarine bacteria), and the freshwater bacteria which 

cannot tolerate any salinity changes. Among these, the estuarine biofilm-forming bacteria belong to 

the most dynamic environment, which is influenced by tides and experiences continuous influx of 

freshwater, resulting in the changes in salinity (Smyth & Elliott, 2016). Since salinity is regarded as 

an environmental master factor in the distribution of these aquatic organisms and shaping the 

bacterial community composition (Stratil et al., 2014; Smyth & Elliott, 2016), any changes in salinity 

due to environmental conditions or anthropogenic inputs may influence their biofilm formation. 



Hence, this factor was used in the present investigation to elucidate how the coaggregation capability 

varies with respect to salinity changes. Such studies are crucial in understanding microbial behaviour 

and their environmental responses during the key stages of biofilm formation (Dang & Lovell, 2016). 

Moreover, the cues expressed if altered with changing environmental conditions will be perceived 

differently, either by supporting or hindering the settlement of the macrofouling organisms.  

Taking the above points into consideration, we examined (1) the biofilm-forming potential of 

the bacterial strains isolated from biofilms developed in different aquatic environments (freshwater, 

estuarine, and marine habitats), and (2) characterized the cell-bound extracellular polymeric 

substances (CB-EPS) of chosen biofilm-forming bacterial strains (freshwater, estuarine, marine) for 

functional groups and sugar composition via Fourier-transform infrared spectroscopy (FT-IR) and 

high-pressure liquid chromatography (HPLC). The role of cell-bound EPS was then evaluated by 

assessing the coaggregation potential of these biofilm-forming bacterial strains in the absence of CB-

EPS. The bacterial pairs which could retain their aggregation ability even in the absence of CB-EPS 

were selected, and the aggregates were characterized using FT-IR. It was hypothesized that the 

ability of these bacterial strains to cope up with other stressor would be more owing to their high 

coaggregation potential. These bacterial isolates were exposed to one of the important environmental 

stressor, i.e. abrupt change in salinity, using laboratory experiments. It was expected that the 

exposure of these biofilm-forming bacteria to salinity stress would either hinder their ability to 

aggregate or the tolerant bacterial strains might retain their aggregation capability by expressing 

specific molecules. 

Materials and methods 

Sampling site and isolation of bacteria from biofilms 

The bacteria were isolated from the in situ biofilms developed on glass slides which were deployed 

for a period of five days in different aquatic environments, namely freshwater (Kolkata Kidderpore 

dock area- 22° 32.45994′ N, 088° 18.95370′ E), and marine environment, including estuarine 

(Mandovi estuary-15° 30' 17.442'' N, 73° 49' 56.2392'' E, west coast of India), and open ocean (the 

Arabian Sea, 15° 51.482′ N, 072° 43.511′ E). The biofilms were then scraped using a sterile cell 

scraper (BD Biosciences) in 10 ml of 0.85% saline water (prepared using sodium chloride) for 

freshwater biofilms, and 0.22 µm filtered autoclaved seawater (~35 salinity) for the remaining two 

biofilms. After sonication (30W for 60 secs), 100µl of the sample was spread plated on Nutrient 

Agar (NA, Himedia) for freshwater bacteria and Zobell Marine Agar 2216 (ZMA, Himedia) for 

marine bacteria. In total, twenty-three successfully isolated bacterial strains from these biofilms were 



obtained and referred to as freshwater, estuarine and marine biofilm bacteria which were purified, 

subcultured and maintained at 4 ºC.  

Experimental design  

The summarised methodological flow chart is illustrated in Fig. 1 and the experimental study was 

divided into two experiments as described below. 

Experiment I: Aggregation ability and identification of biofilm-forming bacteria 

Biofilm-forming potential using coaggregation assay 

The biofilm formation potential of biofilm bacterial strains was assessed using well-established 

coaggregation assay. The bacterial isolates were cultured in the nutrient broth (NB) and Zobell 

marine broth 2216 (ZMB) for freshwater and marine/estuarine biofilm bacteria, respectively and kept 

on the rotary shaker (Remi, India) for 100 rpm at 30ºC. The average period of stationary phase for 

the isolates was found as 48hrs and 72hrs for freshwater bacteria and marine bacteria, respectively. 

Cultures (50ml) in their respective stationary growth phases were centrifuged at 4500 × g for 20 min 

and washed twice with phosphate-buffered saline (PBS), pH 7.4 (Sigma-Aldrich). The cell pellets 

were then resuspended in sterile PBS, and the working stock (bacterial density: 109 cells/ml) was 

used to determine the aggregation properties of the bacterial isolates. Visual coaggregation assay was 

carried to determine the qualitative analysis of auto-aggregation and coaggregation between the 

biofilm bacteria as described below. 

Visual aggregation assay 

The auto-aggregation and coaggregation were carried out in pairwise combinations between the 

biofilm bacterial isolates as described by Cisar et al., (1979), with slight modifications. Briefly, 1000 

μl of two different strains of bacteria in PBS (bacterial cell density: 109 cells/ml) were mixed in a test 

tube and then incubated at room temperature for 24hrs. After incubation, the scores for the bacterial 

aggregation were assigned from “0” to “4” as described by Rickard et al., (2002). Based on the 4-

point scale, the turbid supernatant of bacterial culture was assigned “0”, whereas “1” for small 

uniform aggregates in turbid suspension, “2” for easily visible aggregates with turbid suspension, “3” 

indicated large settled coaggregates leaving some turbidity in the supernatant and “4” depicted large 

settled coaggregates with clear supernatant. On the other hand, the auto-aggregation or self-

aggregation was determined by mixing equal volumes of the same bacterial suspension, incubated at 

room temperature for 24hrs and scored from “0” to “4” as mentioned above. The bacterial strains 

showing strong auto-aggregation and coaggregation scores were identified as biofilm-forming 

bacteria, and ten strains with high biofilm-forming potential were selected for sequencing as well as 



characterization of cell-bound EPS.  In addition, the aliquots of these coaggregates were lyophilized 

and desiccated for characterization using Fourier-transform infrared spectroscopy (FT-IR) as 

described below.  

Identification of selected biofilm-forming bacteria using 16S rRNA sequencing  

For identification of selected biofilm-forming bacteria, the marine/estuarine and freshwater bacterial 

colonies were inoculated into ZMB and NB, respectively. They were incubated at 30°C overnight 

(approximately 18 hrs) in an incubator shaker at 80 rpm. After the incubation period, overnight 

grown cultures were transferred to 1.5 ml microcentrifuge tubes and centrifuged at 13,000 × g for 5 

min to pellet the cells. The genomic DNA was extracted from the bacterial isolates using 

Thermofisher ® Purelink Genomic DNA Mini Kit, according to the manufacturer’s instructions and 

stored at – 20ºC until further analysis. Further, the bacterial 16S rRNA gene was amplified by PCR 

in a 50 μl reaction mixture using Platinum® Blue PCR SuperMix (Invitrogen, USA), 0.25 μM of 

each primer (8F - 5′-AGAGTTTGATCCTGGCTCAG and 1492 R (l) - 

GGTTACCTTGTTACGACTT) and template. The PCR products were checked by electrophoresis 

(2% w/v agarose gel) and purified using the GenElute PCR purification kit (Sigma). These purified 

products were then sequenced (Bioserve Biotechnologies Private Limited Hyderabad, India). The 

sequencing results obtained were assembled using DNA Baser and aligned using the Basic Local 

Alignment Search Tool (BLAST) in the National Centre for Biotechnology Information (NCBI) 

database (www.ncbi.nlm.nih.gov). These sequences have been deposited in the NCBI GenBank 

under accession numbers from MH429953 to MH429961 and MH620809. Sequences were aligned 

with Clustal W, and the phylogenetic tree was built by using the MEGA 6.0 software (Tamura et al., 

2013).  

Experiment II: Importance of cell-bound extracellular polymeric substances (CB-EPS) in the 

coaggregation process 

Isolation and characterization of CB-EPS from selected biofilm-forming bacteria  

For the isolation of CB-EPS, the freshwater and estuarine/marine bacteria were cultured in NB and 

ZMB for 48hrs and 72hrs respectively, i.e. upto the stationary phase. The cultures were then 

centrifuged at 4500 × g for 20 min, and the cell-bound EPS were extracted using the EDTA (10mM) 

as described by Tallon et al., (2003). After centrifugation, an aliquot of the EPS was stored at -20 °C 

for the sugar analysis by high-performance liquid chromatography (HPLC). The remaining aliquot of 

the EPS was lyophilized and desiccated for the analysis of different types of biomolecules by 

Fourier-transform infrared spectroscopy (FT-IR).  



(i) FT-IR analysis of CB-EPS  

A pellet was prepared by grinding approximately 1 mg of lyophilized samples and mixed thoroughly 

with 2.5 mg of potassium bromide (KBr). KBr was used as a background reference. The spectrum 

was recorded as an average of 20 scans in the mid-infrared (mid-IR) range of 600-4000 cm-1 using 

Fourier-transform infrared spectrophotometer (IR Affinity-1, Shimadzu, Singapore) at a resolution of 

4 cm−1.   

(ii) Characterization of sugar composition in CB-EPS by high-performance liquid chromatography 

The sugar composition of the CB-EPS was analyzed by reverse-phase high-performance liquid 

chromatography (HPLC, Agilent 1200 series) equipped with a refractive index detector (RID). The 

sugars were separated isocratically on a Zorbax Carbohydrate column (4.6 mm I.D. x 150 mm, silica 

particle size 5 µm, Agilent) using acetonitrile: water (85:15) mobile phase at a flow rate of 1.4 

ml/min with a column temperature at 30°C for 35 min. The injection volume of 10 µl was used for 

each sample and run in duplicates. Before running the samples, the column was calibrated with 19 

different HPLC grade sugar standards, i.e. mannose, galactose, rhamnose, sucrose, ribose, glucose, 

fucose, ribose, arabinose, maltose, N-acetyl-D-glucosamine, fructose, xylose, lactose, inositol, 

cellobiose, mannitol, sorbitol, melibiose, as described by Sahoo & Khandeparker, (2018). Sugars 

were identified according to their retention times by comparing with sugar standards (ESM_1). The 

calibration curves were prepared for each sugar by diluting stock solutions (10 mg/ml) at multiple 

concentrations. HPLC analysis was then performed for all standard solutions, and the peak area 

against the retention time for each sugar was recorded. Calibration curves were obtained using the 

software by plotting peak area versus the amount injected (concentration). The determination 

coefficients (R2) were >0.99, indicating a linear relationship between the chromatographic response 

areas and the concentrations for all the sugars. The calibration table was then created using this data 

in the Agilent Chemstation data analysis software. Sugars for samples were identified by comparing 

with retention times of sugar standards and calculated by the data analysis software. Furthermore, the 

sugar compositions (%) were subjected to NMDS (non-metric multidimensional scaling) to visualize 

similarities among the bacterial species and confirmed with Analysis of similarity (ANOSIM) test 

using PRIMER version 6.0 software (Clarke & Warwick, 1994). Also, the similarity percentage 

(SIMPER) analysis was carried to identify sugars that significantly contributed to the differences 

among the biofilm types using PRIMER version 6.0 software. 

 

 



Role of CB-EPS in biofilm formation 

A separate coaggregation assay was conducted after the extraction of CB-EPS (using EDTA method 

as per the protocol described above) for the selected ten bacterial strains with high biofilm-forming 

potential to identify the role of cell-bound EPS in the formation of coaggregates. After EPS 

extraction, the bacterial strains were washed using PBS (pH 7.4). Further, pairs of bacterial strains 

were mixed (1000 µl of each strain with equal cell density) in a test tube and incubated at room 

temperature for 24hrs. Subsequently, the score was assigned based on the coaggregation using the 

4‐point scale, as mentioned earlier. The estuarine and freshwater bacterial pairs which retained their 

ability to coaggregate even in the absence of CB-EPS were further characterized as described below.  

(i) Visualization of coaggregates using epifluorescence microscopy 

The coaggregates of selected bacterial pairs were observed by using epifluorescence microscopy 

(Olympus, Tokyo Japan). The protocol was standardized, wherein 1000 μl of each strain in the PBS 

were stained with either DAPI (50µg/ml) or SYBR green nucleic acid (1:10000 final concentration). 

Subsequently, each of the bacterial suspension was incubated at room temperature in the dark for 20 

min to allow staining of the cells. After incubation, the cells were centrifuged at maximum speed 

(13,000 × g for 5 min) and washed thoroughly with phosphate-buffered saline (pH 7.4) to remove 

excess stain. Each strain was then resuspended in fresh PBS solution and mixed to allow them to 

coaggregate. After 1-2hrs, 50µl of the coaggregate was taken on a glass slide for microscopic 

observation of coaggregates using epifluorescence microscopy. Further, the microscopic images of 

both Fluorescein isothiocyanate (FITC) and DAPI fluorescence image (green and blue combination) 

were overlayed using cellSens standard imaging software (Olympus, Tokyo Japan) and Image J 

software (v. 1.52a). 

(ii) Scanning electron microscopy (SEM) of coaggregates  

 The selected coaggregated bacteria were visualized using a scanning electron microscope (SEM), 

which allows imaging and investigation of surface topographic features. The samples were fixed 

using 2.5% glutaraldehyde in phosphate-buffered saline (pH 7.4), then subsequently kept in the 

refrigerator (4º C) for 1h and dehydrated in the ethanol series. After drying, the samples were 

examined using a Hitachi Tabletop Scanning Electron Microscope (TM3000). 

Comparative characterization of freshwater and estuarine bacterial pairs and their coaggregates 

before (control) and after the extraction of CB-EPS 

(i) Characterization of glycoconjugates on coaggregate surfaces using fluorescent markers 



The fluorescent markers (lectins) obtained from Sigma-Aldrich were used to identify surface 

glycoconjugates of the coaggregated bacterial pairs. The specific lectins used were (1) Concanavalin 

A (Con A) - FITC conjugated lectin to tag D-mannose/D-glucose residues (Strathmann et al., 2002; 

Guillonneau et al., 2018), (2) Wheat germ agglutinin (WGA) - FITC conjugated lectin to tag N-

acetyl-D-glucosamine and sialic acids, and (3) Glycine max (Soybean agglutinin) - TRITC 

conjugated lectin (SBA) for tagging N-acetyl-D-galactosamine.  

The protocol was standardized for this, wherein the coaggregates formed by the selected 

bacterial strains after mixing them for coaggregation assay (approx. 1-2 hrs) were stained and 

incubated with DAPI (50 µg/ml) (Himedia) for 15 min in the dark. Subsequently, the coaggregates 

were rinsed with PBS to remove excess stain. The coaggregates were then stained with one of the 

fluorescent markers (1 mg/ml) and visualized under an epifluorescence microscope (Olympus, 

Tokyo Japan). Similarly, the above protocol was repeated on coaggregates formed after the 

extraction of cell-bound EPS. The microscopic images of DAPI for aggregates and FITC 

fluorescence for lectins appeared as blue and green colour, respectively, except in the case of 

Glycine max, which was TRITC conjugated (orange). Furthermore, both the images of FITC and 

DAPI were overlayed and prepared using cellSens standard imaging software (Olympus, Tokyo 

Japan) and Image J software (v. 1.52a). Likewise, the images of TRITC-labelled conjugate and DAPI 

(orange and blue combination) were processed.  

(ii) FT-IR analysis of freshwater and estuarine bacterial pairs and their coaggregates before and after 

the extraction of CB-EPS  

 In order to identify the molecules which are probably involved in retaining coaggregation ability in 

the absence of CB-EPS, the aliquots of the selected estuarine and freshwater biofilm bacterial cell 

pellets and their coaggregates (formed before and after the extraction of CB-EPS) were lyophilized 

and subjected to the Fourier- transform infrared spectroscopy (FT-IR) as described above. This 

analysis has been proven as a powerful tool to understand structural changes occurring in the 

bacterial cell surfaces in response to environmental changes (Kamnev, 2008).  In addition, laboratory 

experiments were conducted on the bacterial pairs which retained their ability to coaggregate even in 

the absence of CB-EPS by subjecting them to salinity-stress to assess the impact of salinity-stressed 

biofilm bacteria on the aggregation process. Briefly, the selected freshwater strains were translocated 

and grown in ZMB (exposed to high salinity, i.e. 34) and estuarine bacteria in NB (exposed to low 

salinity, i.e. 5) upto the stationary phase. Furthermore, the coaggregation assays were performed in 

duplicates as described above, and the aliquots of these coaggregates were lyophilized and desiccated 

to assess the response of these bacteria to environmental changes using FT-IR. 



Results 

Experiment I 

Biofilm-forming potential using coaggregation assay 

Among the total twenty-three strains, ten strains with high biofilm-forming potential were selected 

based on their strong autoaggregation and coaggregation scores, as depicted in the Electronic 

Supplementary Material (ESM_2). It was observed that the coaggregation process was growth-phase 

dependent, i.e., the isolates showed maximum coaggregation during the stationary phase, irrespective 

of the type of biofilm. The average period of the stationary phase was found to be 48h and 72h for 

freshwater and estuarine/marine biofilm bacteria, respectively. Out of twenty-three strains, nine 

isolates (4-freshwater, 5-estuarine) were chosen based on their strong auto-aggregation (i.e. “3” and 

“4”) and coaggregation scores (i.e. in range of “3” to “4”). Most of the isolates within these 

freshwater and estuarine, coaggregated with at least one other strain with high coaggregation scores. 

However, in the case of marine biofilm bacteria, the majority of pairwise combinations demonstrated 

weak coaggregation scores (i.e. “1”). Except, only one marine biofilm bacteria (M1), which showed 

the highest auto-aggregation score (i.e. “3”) and coaggregated with most of the strains (ESM_2). 

Overall, the coaggregation potential based on pairwise combinations was highest in the estuarine 

biofilm bacteria (62.5%), followed by freshwater (44%) and minimum for marine biofilm bacteria 

(28%).  

Identification of the selected biofilm-forming isolates with high biofilm-forming potential   

From the 16S rDNA sequencing data of the selected biofilm-forming bacterial isolates and their 

comparison with the gene bank database indicated that most of the isolates belonged to Bacillus 

genera followed by Exiguobacterium and Staphylococcus (accession numbers: MH429953-

MH429961, MH620809). Phylogenetic analysis revealed that the Bacillus species were clustered 

together, and several isolates differed in the rDNA sequence compositions (Fig. 2). Most of the 

biofilm-forming bacteria from estuarine biofilms showed > 99% similarities with Bacillus spp. 

(MH429953.1), Bacillus indicus (MH429954.1), Bacillus cereus (MH429955.1), and Staphylococcus 

lentus (MH429956.1). Except for one estuarine bacteria, which showed < 98% similarity with 

Bacillus cereus (MH620809.1). On the other hand, freshwater biofilm-forming bacteria showed > 

99% similarities with Exiguobacterium spp. (MH429958.1 and MH429959.1), Bacillus subtilis 

(MH429960.1) and Bacillus cereus (MH429960.1). While, marine biofilm-forming bacteria showed 

> 99% similarity with Staphylococcus lentus (MH429957.1).  

 



Experiment II 

Characterization of CB-EPS extracts from selected biofilm-forming isolates with high biofilm-

forming potential using FT-IR 

The Fourier-transform infrared spectra of cell-bound EPS extracted from the biofilm bacteria is 

illustrated in Fig. 3. The possible assignments of the absorption bands and their references are 

tabulated in Table 1a. The spectral patterns of freshwater and marine bacterial EPS differed from the 

estuarine bacterial EPS (Fig. 3a-c). The pattern was similar for the rest of the freshwater and 

estuarine biofilm-forming bacteria (ESM_3a-b), except for one of the estuarine bacteria 

(Staphylococcus lentus), which showed a spectral pattern similar to the freshwater bacteria 

(ESM_3c). The spectra’s of the freshwater, estuarine, and marine bacterial CB-EPS displayed a 

broad peak at around 3600-3200 cm-1 indicating the presence of hydroxyl groups, followed by an 

asymmetrical stretching peak in the range of 1593-1629 cm-1 corresponding to ring stretching of 

mannose or galactose (Fig.3a-c, Table 1a). Moreover, the absorption peaks in the range from 1,000 

cm−1 to 1,200 cm−1 were also noted linked to the presence of C-O-H side groups and C-O-C 

glycosidic bond vibrations which are characteristics of all sugar derivatives (Fig.3a-c, Table 1a). The 

presence of carboxylic acids COO− group (strong peak at 1402-1408 cm−1), uronic acids (1111-1112 

cm−1), and ester sulphate groups (810-816 cm-1) were also evident in the spectra (Fig. 3a-c, Table 

1a). The freshwater and marine bacterial EPS spectrum contained, in addition to spectral bands noted 

above, the presence of terpenoids and steroids which were evident from peaks at 1475/1473 and 

1363/1365 cm-1, respectively (Fig. 3a, 3c, Table 1a). Overall, the spectroscopic results were 

suggestive of carbohydrate nature of CB-EPS in all the biofilm bacteria, irrespective of types. 

Therefore, it was further characterized for its sugar content by using HPLC. 

Sugar characterization (%) of CB- EPS from biofilm bacteria 

The sugar composition (%) of the bacterial cell-bound EPS belonging to different biofilm types is 

given in Table 2. Furthermore, these sugar compositions were subjected to NMDS to cluster different 

biofilm bacterial types on the basis of their sugar composition (ESM_4). Nearly all of the freshwater 

bacterial cell-bound EPS showed the dominance of galactose with a minor contribution of mannose, 

xylose, and others (Table 2, ESM_4). On the other hand, the estuarine bacterial cell-bound EPS were 

distinct, wherein mannose was dominant along with galactose, rhamnose, ribose, arabinose and 

others (Table 2, ESM_4). On the contrary, the marine bacterial cell-bound EPS composition differed, 

wherein fructose and sorbitol were dominant sugars, along with ribose, and galactose (Table 2, 

ESM_4). The components of the sugars varied with the biofilm bacterial types; moreover, the 



relative proportions of the individual saccharides differed, suggesting that the exopolymer is a 

heteropolysaccharide (ESM_4). Analysis of Similarity (ANOSIM) also revealed these differences (R 

= 0.56, p < 0.05). The results of SIMPER analysis showing overall dissimilarities in the sugar 

composition and sugars that significantly contributed to differences between biofilm types are 

tabulated in Table 3. The average dissimilarity was comparable between freshwater and estuarine 

(43.63%) and freshwater and marine (43.84%), while it was 52.84% between the estuarine and 

marine group. The mannose, melibiose, galactose, fructose, and D-sorbitol significantly contributed 

to the dissimilarity between the biofilm types (refer contribution % in Table 3a-c). 

Role of CB- EPS in biofilm formation 

Most of the biofilm bacteria, including marine, lost their ability to coaggregate in the absence of CB-

EPS, which was evident from turbid supernatant after mixing the bacterial suspensions (data not 

shown). For those bacterial pairs, i.e. Exiguobacterium spp., (MH429959) and Bacillus cereus 

(MH429961) from freshwater, and Bacillus indicus (MH429954) and Bacillus cereus (MH620809) 

from the estuarine biofilms, which were able to coaggregate, even in the absence of CB-EPS, were 

chosen for further characterization.  

The visualization of the selected freshwater and estuarine biofilm bacterial coaggregates were 

observed by using epifluorescence microscopy, which showed that two different species were closely 

associated with one another (Fig. 4a-b). Moreover, this distribution was confirmed by scanning 

electron microscopy, which revealed the presence of highly dense coaggregates covered by an 

extracellular EPS, which helped in holding the bacteria together (Fig. 4c-d). 

Comparative characterization of freshwater and estuarine bacterial pairs and their coaggregates 

before (control) and after the extraction of CB-EPS 

(i) Characterization of glycoconjugates on coaggregate surfaces using fluorescent markers  

The selected coaggregation pairs showed high levels of specific binding to D-mannose and D-

glucose residues (alpha polysaccharides as detected by Concanavalin A) as well as N-acetyl-D-

glucosamine and sialic acids (as detected by wheat germ agglutinin) (Fig. 5). On the other hand, a 

very low-level of N-acetyl-D-galactosamine residues (as detected by Glycine max) were associated 

with coaggregation pairs during the study period. A similar type of expression of these 

glycoconjugates was observed by these aggregates even after extraction of CB-EPS (Fig. 5). 

(ii) FT-IR analysis of freshwater and estuarine bacterial strains and their coaggregates  



The infrared spectra of the freshwater and estuarine bacterial strains and coaggregates exhibited 

marked changes in the spectral regions (as tabulated in Table 1b) before and after the extraction of 

cell-bound EPS (ESM_5a-b, ESM_6a-b). The FT-IR of freshwater coaggregates showed distinct 

peaks at 2957, 1658, and 1537 cm-1 attributed to –CH asymmetric stretching of CH3 in the fatty 

acids, amide I and II regions of proteins respectively (Table 1b, ESM_5a). On the other hand, a weak 

peak pattern was observed in the case of the estuarine coaggregated bacteria (ESM_6a-b). One 

common trend observed in both were notable changes in the peaks 1058-1072 cm-1 which were 

attributed to alterations in the carbohydrate region (Table 1b, ESM_5a, ESM_6a). However, the 

opposite trend was observed in the expression pattern by these coaggregates after extraction of cell-

bound EPS. In the case of estuarine bacteria, the coaggregates showed the involvement of lipids and 

proteins which was evident from the emergence of peaks at 2956, 1664 (amide I), and at 1535 cm-1 

(amide II) respectively, as observed in the spectra (Table 1b, ESM_6b). On the other hand, a weak 

peak pattern was observed in the case of the freshwater coaggregated bacteria (ESM_5b). Except for, 

the appearance of a peak at 1724 cm-1 corresponding to stretching C=O of ester functional groups 

from the membrane lipids and fatty acids (ESM_5b). Moreover, notable alterations were also 

observed in the carbohydrate spectral region (1200 to 900 cm-1) of both the biofilm bacteria, which 

could be attributed to compositional alterations in the cell wall or cell membrane (Table 1b, ESM5b, 

ESM_6b). A similar type of spectral expression pattern was observed by these coaggregates, formed 

after exposure of these bacterial pairs to salt stress. The spectra observed were indicative of changes 

that occurred in the surfaces of the individual and coaggregated bacteria when subjected to 

environmental changes (ESM_5c, ESM_6c). The estuarine biofilm bacteria expressed lipids and 

proteins which was evident from the emergence of peaks at 2957, 1664 (amide I), and 1535 cm-1 

(amide II) respectively, different from the freshwater spectra (Table 1b, ESM_5c, ESM_6c). The 

most remarkable modifications were observed in the carbohydrate spectral region of both the 

bacterial spectra (1200 to 900 cm-1) due to alterations in the cell membrane along with the 

appearance of a peak at 1722 cm-1 corresponding to the membrane lipids and fatty acids (Table 1b, 

ESM_5c, ESM_6c).  

Discussion 

In the present study, the estuarine and freshwater biofilm bacteria showed higher autoaggregation 

and coaggregation potential as indicated by strong auto- and coaggregation scores, compared to 

marine biofilm bacteria. This coaggregation potential was growth phase-dependent, i.e., aggregation 

was observed at the stationary phase. This finding corroborates well with earlier studies which 

reported growth phase-dependent aggregation in the biofilm bacteria from freshwater and marine 



environments (Rickard et al., 2000, 2002; Saravanan et al., 2014). The bacteria possessing the 

aggregation capabilities, i.e. auto-aggregation and coaggregation, imparts selective advantage over 

non-coaggregating ones, thereby playing an important role in the development of enhanced biofilm 

formation via interbacterial interactions (Rickard et al., 2004). On the other hand, weak 

coaggregation was observed among most of the marine biofilm bacterial strains isolated in this study, 

except for one marine biofilm-forming bacteria, which showed the highest coaggregation scores. An 

earlier study by Buswell et al. (1997), reported that low coaggregation scores do not imply weak 

interactions. Moreover, these coaggregation properties may depend on the relative size or 

morphologies of bacteria and the density of interacting ligands present on the cell surface (Buswell et 

al., 1997). Overall, these variations observed in the coaggregation potential among biofilm bacteria 

within different aquatic environments based on their salinity differences could be attributed to the 

diverse bacterial species and differences in the mechanisms mediating this process. Besides, the role 

of pH in influencing this coaggregation process cannot be ruled out for the reason that the pH 

profiles in the aquatic environments differ, and such changes in physicochemical factors can have a 

profound effect on the composition and viscosity of the bacterial adhesive exopolymers as well as 

cell surface molecules, which in turn may influence the coaggregation process. But, this needs 

further validation.                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                           

Although the bacterial strains used in the present study represented only a small proportion of 

total biofilm bacteria, the coaggregation appeared to be a significant phenomenon within these 

culturable biofilm-associated bacteria. The 16S rDNA sequencing data of the selected biofilm-

forming bacterial isolates and their comparison to the gene bank database indicated that most of the 

isolates were identified as Bacillus genera followed by Exiguobacterium and Staphylococcus, which 

are Gram-positive bacteria belonging to Firmicutes. These genera are predominantly found in the 

oral infections and dental caries as well (Helgason et al., 2000; Raju & Anithal, 2015; Rani et al., 

2016; Sakthivel et al., 2016). Moreover, members of Firmicutes have been reported as the most 

frequent isolates identified from the culturable bacteria diversity in the saline conditions 

(Kalwasinska et al., 2017; Remonsellez et al., 2018). Phylogenetic analysis revealed that all the 

Bacillus species clustered together differed in the rDNA sequence compositions. Members of genus 

Bacillus are ubiquitous in the terrestrial, freshwater as well as in the seawater habitats (Ruger, 1989). 

This genus includes several species which can colonize different specialized niches and adapt to 

changing environmental conditions such as salinity (Khandeparker et al., 2011; Sravankumar et al., 

2014). This suggests that Bacillus spp. may be one of the many bridging organisms which facilitate 

the coaggregation with other bacteria, which are incapable of aggregating but needs further 



validation. Likewise, in the case of oral biofilms, it is known that the pathogenic bacteria will attach 

only to biofilms formed by initial colonizers, which are non-pathogenic ones (mostly Gram-positive 

bacteria) that contribute to coaggregation process and form a suitable favourable environment by 

producing metabolic end products such as lactate, N-acetyl muramic acid, p-amino benzoic acid etc., 

for pathogenic ones (mostly Gram-negative bacteria) to adhere (Bowden et al., 1979; Vasudevan, 

2017). It is thought-provoking whether such a scenario exists in aquatic biofilm bacteria with 

Bacillus spp., as one of the many other species involved in creating a favourable environment for 

pathogens to adhere.  

As the coaggregation process includes the interaction of different bacteria at the cell surface 

and involves cell-cell interactions, we focused on characterizing cell-bound EPS and identifying their 

role in the coaggregation. The nature of cell-bound EPS was characterized more specifically in terms 

of chemical functional groups using FT-IR. The cell-bound EPS were rich in carbohydrates showing 

the presence of hydroxyl, carbonyl groups, mannose and uronic acids, which has great relevance in 

the adhesion, aggregation and cohesion processes (Decho, 1990; Jain & Bhosle, 2008; Casillo et al., 

2018). The HPLC analysis revealed the freshwater cell-bound EPS to be a sulphated 

heteropolysaccharide, wherein galactose was dominant sugar along with terpenoids and steroids as 

evident from spectra (Fig. 3a, Table 1a, Table 2). These terpenoids are known as the largest class of 

natural products, which serve as a medium of communication among species, thereby playing a 

significant role in antagonistic and beneficial interactions among organisms (Gershenzon & 

Dudareva, 2007). Whereas, steroids are mostly chemical signalling compounds which trigger 

phenotypic changes in microbes via quorum sensing and enhance their adherence to surfaces (Patt et 

al., 2018). This suggests that these compounds might play an important role in the biofilm formation 

of these freshwater strains.  

On the other hand, the estuarine bacterial EPS, also a sulphated heteropolysaccharide, were 

dominated by mannose. Although the relative proportions of the other individual sugars differed 

between the estuarine bacterial strains, it was not significant. This result suggests that diversity in 

sugar composition could further possibly result in variation in functionality among the estuarine 

strains. It has been reported that the sugars found in the bacterial EPS facilitate and enhances the 

bacterial adhesion (van loosdrecht et al., 1990; Azeredo & Oliveira, 2000; Tsuneda et al., 2003; 

Cavalcante et al., 2014). The presence of the sulphate moieties in the bacterial EPS provides 

flexibility to EPS, impart gel-like consistency and thus help in stabilising the polymer, and might 

also be useful in the aggregation of cells (Bhasker, 2003; Hoagland et al., 1993). Whereas, the cell-

bound EPS extract of marine strain showed fructose and sorbitol as dominant sugars along with 



terpenoids and steroids. Overall, the sugar composition of estuarine bacterial EPS was more diverse, 

followed by freshwater and least was observed in the marine. Hence, the sugar composition of the 

CB-EPS seems to be crucial for strong coaggregation capabilities. However, since the present study 

included only one marine isolate, it makes the comparison across different aquatic systems rather 

difficult and requires further validation. 

Most of the biofilm bacteria, including marine bacteria used in the present study, lost their 

ability to coaggregate after extraction of the cell-bound EPS, suggesting the importance of cell-

bound EPS in the aggregation process. For those bacterial pairs, i.e. Exiguobacterium spp., and 

Bacillus cereus from freshwater, and Bacillus indicus and Bacillus cereus from the estuarine 

biofilms, which still retained their ability to coaggregate even after extraction of the cell-bound EPS, 

were chosen for further studies. The scanning electron micrographs of these coaggregated bacterial 

pairs revealed that highly dense bacterial aggregates were embedded in an abundant extracellular 

material. Hence, it was evident that the presence of some specific molecules produced by the 

coaggregates helped in holding the bacteria together. Earlier studies have investigated the nature of 

bacterial cell surface molecules using the sugar reversal tests, i.e. by comparing the coaggregation 

capability in the presence of sugars (Kolenbrander et al., 1993; Rickard, 2000; Kolenbrander et al., 

2006; Stevens et al., 2015). Lactose or N-acetyl-D-galactosamine were major sugars reported in 

blocking coaggregation between bacteria from human oral biofilms (Katharios-Lanwermeyer et al., 

2014 and references with). However, this does not provide information on the type of the surface 

molecules associated with the coaggregates. Hence, these coaggregated pairs were characterized for 

the presence of glycoconjugates using specific fluorescent lectins.   

Lectin molecules specifically bind to carbohydrates and thus are powerful tools used for 

analyzing glycidic structures of microbial origin aggregates (Cavalcante et al., 2014). In the present 

study, both the estuarine (Bacillus indicus and Bacillus cereus) and freshwater (Exiguobacterium 

spp., and Bacillus cereus) coaggregates showed high levels of specific binding to D-mannose, D-

glucose residues and N-acetyl-D-glucosamine/sialic acids and these molecules were expressed even 

after the extraction of the cell-bound EPS. The mannose is a hexose sugar with more hydroxyl 

groups than a pentose sugar and is considered as a promotory sugar (Khandeparker & Anil, 2011; 

Sahoo & Khandeparker, 2018). Both D-glucose and D-mannose serve as important cues for the 

settlement of Balanus amphitrite cyprids (Khandeparker et al., 2002, 2003; Khandeparker & Anil, 

2011). The interactions between these sugars and cypris temporary adhesive are most likely to be 

affected via polar groups. The higher number of hydroxyl groups influence stronger attachment with 

polar groups of cyprid antennules (Neal & Yule, 1996; Sahoo & Khandeparker, 2018). On the other 



hand, sialic acids are sugars, which play an important role in cellular recognition, cell-cell 

attachment, and signaling (Sigma-Aldrich, 2009). It is well known that several pathogenic bacteria or 

parasites use surface sialic acids for attachment to the host cell (Sigma-Aldrich, 2009). Moreover, 

relatively high amounts of these molecules (N-acetyl-D-glucosamine, D-glucose and D-mannose) 

have been detected in the algal cell wall surfaces as well (Tien et al., 2005). Earlier studies have also 

reported that N-acetyl-D-glucosamine also plays a significant role in the attachment of fouling 

diatoms (Bahulikar & Kroth, 2008; Khodse & Bhosle, 2010). A recent study demonstrated the 

importance of N-acetyl-D-glucosamine expressed by diatoms and its interaction with barnacle shell 

proteins in facilitating cyprid metamorphosis (Sahoo & Khandeparker, 2018). N-acetyl-D-

galactosamine, along with D-glucose and D-mannose produced by haemocytes have been reported as 

cues for the settlement of Balanus amphitrite (Khandeparker et al., 2019). Thus, the results from the 

present study indicate the involvement of N-acetyl-D-glucosamine/sialic acid, D-mannose, and D-

glucose in the bacterial cell-cell interactions, which are similar to the cues reported for the 

attachment of fouling diatoms and recruitment of larger macrofouling organisms.  

FT-IR analysis has been recognized as a powerful tool to understand the structural changes 

occurring in the bacterial cell surfaces in response to environmental changes (Kamnev, 2008). The 

biomolecules, mainly sugars, proteins, and lipids in the bacterial membrane have distinct infrared 

(IR) vibrations that indicate their conformation and physical state (Pan et al., 2017). The results 

revealed that before the extraction of cell-bound CB-EPS, some peculiar proteins and lipids were 

expressed by the freshwater coaggregates, as evident from the spectra, probably to carry out cell-cell 

interactions. On the other hand, after EPS extraction, the proteins and lipids were expressed by the 

estuarine coaggregates, which possibly helped them in retaining the biofilm-forming capability. 

Alternatively, the same was not the case with the freshwater bacteria, which coaggregated by 

expression of lipids in the absence of CB-EPS. An earlier study by Andrews et al. (2010), confirmed 

the importance of lipids, which can influence and facilitate the attachment of different bacteria. 

Moreover, in this study, the alterations in the carbohydrate region of the cell membrane were also 

observed, irrespective of the biofilm types, thus highlighting the importance of carbohydrates in the 

cell-cell attachment (coaggregation) by biofilm bacterial cells over individual bacterial cells. This 

result is in accordance with the previous studies by Bengtsson, (1991); Vandervivere & Kirchman, 

(1993); Cheung et al., (2000).  

Formation of biofilms is a quorum-sensing controlled process (involving cell-cell 

communication and gene regulation); which involves various bacterial physiological activities, 

including EPS production (Dobretsov et al., 2009; Hmelo, 2017; Jemielita et al., 2018). Moreover, 



the secretion of EPS depends on the type of bacteria and environmental factors, which further 

influences their chemical composition (Sonak, 1998; Khandeparker et al., 2002, 2003; Camilli & 

Bassler, 2006; Decho & Gutierrez, 2017). As environmental conditions change rapidly, biofilm-

forming bacteria possess different mechanisms for sensing and adapting to these changes. One of the 

important environmental stressors for bacteria is salt stress, i.e. exposure to either high or low salt 

concentration, which can cause physiological changes in the bacteria and subsequently influence the 

biofilm formation. Earlier studies have reported that enhanced production of carbohydrates and 

proteins in the EPS was used as a protective adaptation by bacteria to cope up with salinity stress 

(Kim & Chong, 2017; Zhao et al., 2016). The present study revealed that the exposure of biofilm-

forming bacterial cells (Bacillus indicus, Bacillus cereus from estuarine and Exiguobacterium spp., 

Bacillus cereus from freshwater) to abrupt changes in the salt concentrations (salinity stress) resulted 

in different physiological response among these bacteria and the subsequent alterations in the surface 

chemistry of the coaggregates were detected using FT-IR. The estuarine biofilm bacteria could retain 

their biofilm-forming capability, i.e. by forming aggregates through the expression of proteins and 

lipids in response to salt-stress. Whereas, the freshwater biofilm bacteria also coped up with the 

salinity stress and formed aggregates through the expression of lipids. Moreover, this type of 

expression pattern was also observed by the estuarine and freshwater aggregates in the absence of 

CB-EPS, and probably this is the mechanism by which these bacteria still retained their biofilm-

forming ability under unfavourable conditions. The response and mechanism of Exiguobacterium 

spp., under varying salinities, have been reported earlier, wherein the salt-dependent alterations in 

the cell membranes were reflected in the concentration of phospholipids that dominated it 

(Remonsellez et al., 2018). Whereas, the involvement of fatty acids and their composition in the 

Bacillus spp., has been reported in response to a wide variety of adaptations (Diomandé et al., 2015 

and references within). Unlike Bacillus spp., the exposure of salt-stress had an influence on the 

intensity of orange colour pigmentation of Exiguobacterium strains during the study period (data not 

shown), indicating some relation between salt-tolerance and pigmentation. One common trend 

observed in both the biofilm types were notable changes in the carbohydrate region, indicating the 

significance of carbohydrates in the coaggregation process. Thus, it seems like the salt stress 

conditions effectively induced quorum sensing in the Exiguobacterium spp., and Bacillus spp., 

irrespective of biofilm types, resulting in the alterations in their cell surface chemistry in response to 

environmental changes, thus retaining their coaggregation potential and these modifications aided in 

their survival.  

 



Conclusions 

The present study is a first report to demonstrate the coaggregation potential of biofilm-forming 

bacteria from different aquatic environments (freshwater, estuarine, and marine), and identify the 

molecules involved in their aggregation. The biofilm-forming potential via cell-cell interactions of 

estuarine and freshwater biofilm bacteria was higher, attributed to cell-bound EPS rich in 

carbohydrates with distinct sugar composition, compared to marine. The carbohydrate content of the 

cell-bound EPS was influenced by the environment and varied among the biofilm bacteria. Most of 

the biofilm bacteria, including marine, lost their ability to coaggregate in the absence of cell-bound 

EPS suggesting its importance in the aggregation process. The estuarine (Bacillus indicus and 

Bacillus cereus) and freshwater (Exiguobacterium spp. and Bacillus cereus) biofilm bacterial pairs, 

which retained their ability to coaggregate even in the absence of cell-bound EPS, produced specific 

biomolecules (D-mannose, D-glucose, N-acetyl-D-glucosamine on the cell surface) in common. 

However, the underlying mechanism of the formation of estuarine coaggregates differed from 

freshwater ones, by expression of proteins and lipids. A similar expression pattern was also observed 

by the estuarine coaggregates after subjecting to salt-stress conditions, and probably this is the 

mechanism by which estuarine bacteria switch over and still retain their biofilm-forming capability 

under changing environmental conditions. Thus, it seems that the capability to coaggregate is 

influenced by the interplay of the environmental factors, biofilm bacterial species and molecules 

expressed at the cell surface. As biofilms serve as important settlement cues for the recruitment of 

macrofouling organisms, understanding the role of the molecules expressed by these biofilms via 

cell-cell interactions and their influence on the larval settlement and recruitment of macrofoulers 

under different environmental settings is an important topic for future investigation.   
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Legend to Tables 

 

Table 1 a) Interpretation of infrared (IR) spectra and peak assignments of the cell-bound EPS and b) 

Interpretation of IR spectra of the bacterial cell pellets. Refer to the electronic supplementary 

material(ESM_5 and ESM_6), for the Fourier-transformed infrared (FT-IR) spectra’s of the 

freshwater and estuarine bacterial cell pellets and coaggregates. 

 

Table 2 Composition (%) of sugars in the cell-bound EPS extracted from biofilm bacteria with high 

biofilm-forming potential from different aquatic environments. F = Freshwater, E = Estuarine, M = 

Marine, spp. = species, Rha = Rhamnose, Rib = Ribose, Xyl = Xylose, Arab = Arabinose, GlcNAc = 

N-acetyl-D-glucosamine, Fruc = Fructose, Man = Mannose, Gal = Galactose. 

 

Table 3 SIMPER analysis showing sugars that contributed to the differences among the biofilm 

types. a) Freshwater and Estuarine, b) Freshwater and Marine, and c) Estuarine and Marine. Av. Diss 

= Average dissimilarity, Contrib % = Contribution, Cum. % = Cumulative %, Av. Abund = Average 

abundance. 

 

Legends to figures 

 

Fig. 1 The schematic illustration of the experimental design. ZMB = Zobell Marine broth, NB = 

Nutrient broth, EPS = Extracellular polymeric substances, FT-IR = Fourier-transform infrared 

spectroscopy, SEM = Scanning Electron microscopy, HPLC = High-pressure liquid chromatography.  

 

Fig. 2 Phylogenetic relationship of the chosen biofilm isolates from the freshwater, estuarine, and 

marine biofilms based on 16S rRNA gene sequence analysis. The sequences obtained from the 

present study are highlighted in blue for freshwater, pink for estuarine and orange colour for marine. 

Scale bar, 0.01 substitutions per nucleotide position. sp. = species  

 

Fig. 3 Fourier-transform infrared (FT-IR) spectra’s of cell-bound bacterial EPS from representative 

(a) freshwater, (b) estuarine, and (c) marine biofilm-forming bacteria. The freshwater bacterial EPS 

spectra are represented in green colour, estuarine bacterial EPS spectra in orange colour, and marine 

bacterial EPS spectra in pink colour. The zoomed infrared (1800 - 600 cm-1) spectral section is 

shown in black colour. The spectral pattern for the other freshwater and estuarine biofilm-forming 

bacteria was similar, except for one of the estuarine (MH429956.1), which showed a spectral pattern 

similar to the freshwater bacteria. 

 

Fig. 4 Visualization of coaggregates using epifluorescence microscopy (1000x magnification) from 

(a) freshwater, and (b) estuarine biofilm bacterial pairs (cultures grown till stationary phase), stained 

either with DAPI (blue) or SYBR green nucleic acid (green) nucleic acid stain, and scanning electron 

microscopy (SEM) images of coaggregates (2500x and 6000x magnification) formed by (c) 

freshwater, and (d) estuarine biofilm bacterial pairs (cultures grown till stationary phase).  

 

Fig. 5 Fluorescent labelling of glycoconjugates associated with coaggregates using epifluorescence 

microscopy (1000x magnification). Con A: Concanavalin A, WGA: Wheat germ agglutinin, and 

Glycine Max (Soya bean agglutinin SBA). Bacterial coaggregation pairs are visible as blue while D-

mannose/ D-glucose residues (as detected by Con A) and N-acetyl-D-glucosamine and sialic acids 

(as detected by WGA) are visible as green. In the case of Glycine Max, bacterial coaggregation pairs 

are visible as blue and N-acetyl-D-galactosamine as orange. 

 

 



Legends to Electronic Supplementary Material 

 

ESM_1 (a) Chromatograms of 19 sugar standards, and (b) Sugars standards with their retention 

times 

 

ESM_2 Visual aggregation scores exhibited by biofilm bacteria at stationary phase during auto- and 

coaggregation assay carried out in pairwise combinations between the (a) freshwater, (b) estuarine, 

and (c) marine biofilm bacterial isolates. Values are noted after 24 hours of incubation. E = 

Estuarine, F = Freshwater, M = Marine. 

 

ESM_3a Fourier-transform infrared (FT-IR) spectra’s of cell-bound EPS extracted from freshwater 

biofilm-forming bacteria. The freshwater bacterial EPS spectra is represented in green colour. The 

zoomed infrared (1800 - 600 cm-1) spectral section is shown in black colour. F= Freshwater. 

 

ESM_3b Fourier-transform infrared (FT-IR) spectra’s of cell-bound EPS extracted from estuarine 

biofilm-forming bacteria. The estuarine bacterial EPS spectra in orange colour. The zoomed infrared 

(1800 - 600 cm-1) spectral section is shown in black colour. E = Estuarine. 

 

ESM_3c Fourier-transform infrared (FT-IR) spectra’s of cell-bound EPS extracted from estuarine 

biofilm-forming bacteria depicting spectral pattern similar to the freshwater bacteria. The estuarine 

bacterial EPS spectra in orange colour. The zoomed infra-red (1800 - 600 cm-1) spectral section is 

shown in black colour. E = Estuarine. 

 

ESM_4 Non-metric multidimensional scaling (NMDS) analysis of sugars in the cell-bound EPS 

extracted from biofilm-forming bacteria. F = freshwater (green up triangle), E = estuarine (dark blue 

down triangle), M = marine (blue square). The circle represents the length of a vector with a perfect 

correlation (R = 1). 

 

ESM_5 Fourier-transform infrared (FT-IR) spectra’s of bacterial cell pellets and coaggregated 

freshwater biofilm bacteria (a) before extraction of cell-bound EPS, (b) after extraction of cell-bound 

EPS, and (c) response to salt-stress. Encircles (black) indicate notable changes in the spectral 

patterns between cell pellets and freshwater coaggregates. 

 

ESM_6 Fourier-transform infrared (FT-IR) spectra’s of bacterial cell pellets and coaggregated 

estuarine bacteria (a) before extraction of cell-bound EPS, (b) after extraction of cell-bound EPS, and 

(c) response to salt stress. Encircles (black) indicate notable changes in the spectral patterns between 

cell pellets and estuarine coaggregates. 

 

 

 

 

 

 

 



Table 1 

 

a) Interpretation of infrared (IR) spectra and peak assignments of the cell-bound EPS  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Wave number (cm-1) Molecular vibrations of functional groups 

and biomolecule contributor 

References 

3600-3200 cm-1 Broad O–H stretching absorption peak 

indicating the presence of hydroxyl 

groups, which are characteristics for 

carbohydrates 

Khandeparker et al., 

2002; Seedevi et al., 

2013; Zeng et al., 

2016; Elnahas et al., 

2017 

3000-2800 cm-1 C-H stretching vibration band of the 

aliphatic CH2 group by fatty acids and 

lipids 

Cheng et al., 2013; 

 Fang et al., 2014 

1593-1629 cm-1 presence of an asymmetrical stretching 

peak 

corresponding to ring stretching of 

mannose or galactose 

Freitas et al., 2009; 

Kavita et al., 2011; 

2013, 2014 

 

Peaks at 1527 & 1533 

cm-1 

 

C-N stretching vibrations in combination 

with N-H bending of proteins (Amide I 

and Amide II bands) 

 

 

Lorite et al., 2011; 

Fang et al., 2014 

1402-1408 cm−1 symmetric stretching of the carboxylic 

acids COO− group 

Zhao et al., 2007;  

Lorite et al., 2011 

Peaks at 1475 & 1363 

cm-1 

presence of terpenoids and steroids Khandeparker et al., 

2002 

1,000 -1125 cm−1 O-acetyl ester linkage bonds indicating 

the presence of uronic acids 

 

Bramhachari & 

Dubey, 2006; Kavita 

et al., 2014 

1,000-1,200 cm−1 C-O-H side groups and C-O-C glycosidic 

bond vibrations which are characteristics 

of all sugar derivatives 

Suh et al., 1997; 

Sheng et al., 2005; 

Bramhachari & 

Dubey, 2006; Cai et 

al., 2013; Kavita et 

al., 2013 

Peaks at 810-816 cm-1 Presence of ester sulphate groups Lloyd et al., 1961; 

D’souza, 2004; 

Seedevi et al. 2013; 

Guezennec et al., 

1998 

858-862 cm−1 Presence of α-glycosidic linkages 

between individual glycosyl residues 

Kodali et al., 2009  



Table 1 

 

b) Interpretation of infrared (IR) spectra and peak assignments of the cell-bound EPS  

 

 

Refer to the electronic supplementary material (ESM_5 and ESM_6) for the Fourier-transformed 

infrared (FT-IR) spectra’s of the freshwater and estuarine bacterial cell pellets and coaggregates. 

 

 

 

 

 

 

 

 

  

 

Wave number (cm-1) Molecular vibrations of functional 

groups and biomolecule contributor 

References 

 

 

 

 

 

 

 

   

 

        Naumann, 2000 

      *Ojeda et al., 2009 

   *Deepika et al.,2012 

 

 

3000 –  2800 cm-1 Membrane lipids and fatty acids 

*1739 – 1725 cm-1 stretching C=O of ester functional 

groups from the membrane lipids and 

fatty acids 

1700 –  1500 cm-1 Proteins and peptides containing 

Amide I and II bonds 

1500 – 1200  cm-1 Mixed region which includes 

(1) Fatty acids around 1468, 1455 

(2) P=0 stretching of PO4- 

(phosphodiesters, backbone of 

nucleic acids) around 1250-

1200 

(3) Amide III band of proteins 

around 1350-1240 

  

1200 – 900 cm-1 Carbohydrate region 

900  – 600 cm-1 Fingerprint region 



Table 2 Composition (%) of sugars in the cell bound EPS extracted from biofilm bacteria from different aquatic environments. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

F = Freshwater, E = Estuarine, M = Marine, spp. = species, Rha = Rhamnose, Rib = Ribose, Xyl = Xylose, Arab = Arabinose, GlcNAc = N-acetyl-

D-glucosamine, Fruc = Fructose, Man = Mannose, Gal = Galactose. 

 Rha Rib Xyl Arab GlcNAc Fruc Man Glu Sorbitol Mannitol Gal Sucrose Inositol Cellobiose Maltose Lactose Melibiose Trehalose 

Freshwater       

F1 
(Exiquobacterium 

spp.) 

0.00 3.7
3 

10.23 3.22 0.00 0.00 
22.40 

0.00 
12.04 0.00 18.02 1.80 2.40 2.20 7.00 3.92 9.10 3.94 

F2 
(Exiquobacterium 

spp.) 

0.00 2.7
0 

6.90 0.00 0.00 0.00 
24.50 

0.00 
3.10 0.60 47.00 1.60 0.40 1.70 3.70 2.30 3.30 2.20 

F3 

(Bacillus subtilis) 

0.00 6.0

4 

9.82 2.97 0.00 4.23 14.17 0.00 7.36 0.00 24.37 0.44 3.20 2.60 4.50 4.00 9.03 7.27 

F4 

(Bacillus cereus) 

0.16 0.8

9 

5.75 7.36 0.00 

 

12.11 14.37 0.00 8.06 1.70 20.46 2.88 1.73 4.65 7.00 4.27 5.36 3.25 

      Estuarine  

E1 
(Bacillus spp.) 

 

0.00 0.7

2 

0.00 0.35 0.07 0.00 
61.43 

0.00 
4.49 0.37 5.36 1.15 2.17 3.14 3.88 5.95 7.92 3.00 

E2 

(Bacillus cereus) 

3.29 4.7

0 

0.00 0.00 0.00 0.00 

0.00 

0.61 

5.39 0.00 19.58 3.29 3.28 4.08 5.88 8.02 37.65 4.23 

E3 

(Bacillus indicus) 

1.76 5.4

5 

4.11 6.13 0.00 2.79 

19.08 

0.00 

4.42 0.85 12.90 1.54 2.63 3.29 4.37 6.87 20.09 3.72 

E4 

(Bacillus cereus) 

0.00 2.3

9 

5.88 2.95 1.38 0.00 

59.37 

0.00 

0.00 0.34 6.05 1.61 1.23 1.47 1.99 3.95 9.00 2.39 

E5 

(Staphylococcus 
lentus) 

0.00 10.

50 

0.00 7.60 1.00 5.70 

0.00 

0.00 

0.00 0.40 14.60 2.50 6.30 5.60 8.50 11.30 21.50 4.50 

        Marine  

M1 
(Staphylococcus 

lentus) 

0.00 10.

32 

0.00 0.00 0.00 19.76 0.00 0.00 22.54 1.75 20.61 1.36 1.25 2.63 4.59 5.30 7.65 
2.24 
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Table 3: SIMPER analysis showing sugars that contributed to the differences among the 

biofilm types. a) Freshwater and Estuarine, b) Freshwater and Marine, and c) Estuarine and 

Marine.  

Av. Diss = average dissimilarity, Contrib% = Contribution, Cum. % = Cumulative %, Av. 

Abund = average abundance. 

 

a) Average dissimilarity = 43.63 

Group                     Freshwater        Estuarine 

Sugars Av. Diss Contrib% Cum.% Av. Abund Av. Abund Diss/SD 

Mannose 11.15 25.55 25.55 18.88 27.98 1.79 

Melibiose 7.65 17.53 43.09 6.7 22.84 1.71 

Galactose 6.25 14.32 57.4 27.48 14.16 1.1 

Xylose 3.25 7.45 64.85 8.15 3.72 2.56 

Lactose 2.54 5.83 70.68 3.63 9.12 3.02 

D-Sorbitol 2.3 5.28 75.96 7.65 3.42 1.47 

Fructose 1.97 4.53 80.49 4.08 1.7 1.01 

Arabinose 1.68 3.84 84.33 3.4 4.32 1.43 

Ribose 1.57 3.59 87.92 3.33 5.56 1.22 

Inositol 0.91 2.09 90.01 1.93 3.76 1.13 

 

b)  Average dissimilarity = 43.84 

Group                                                                    Freshwater          Marine 

Sugars Av. Diss Contrib% Cum.% Av. Abund Av. Abund Diss/SD 

Mannose 9.44 21.54 21.54 18.88 0 9.44 

Fructose 7.87 17.95 39.49 4.08 19.8 7.87 

D-Sorbitol 7.43 16.95 56.44 7.65 22.5 7.43 

Galactose 4.11 9.39 65.82 27.48 20.6 4.11 

Xylose 4.08 9.3 75.12 8.15 0 4.08 

Ribose 3.49 7.96 83.08 3.33 10.3 3.49 

Arabinose 1.7 3.88 86.96 3.4 0 1.7 

Melibiose 1.18 2.68 89.64 6.7 7.6 1.18 

Trehalose 0.98 2.23 91.87 4.15 2.2 0.98 

 

c) Average dissimilarity = 52.84 

Group              Estuarine          Marine 

Sugars Av. Diss Contrib% Cum.% Av. Abund Av. Abund Diss/SD 

Mannose 11.97 22.65 22.65 27.98 0 0.94 

D-Sorbitol 8.86 16.77 39.42 3.42 22.5 5.54 

Fructose 8.38 15.87 55.28 1.7 19.8 7.61 

Melibiose 7.23 13.69 68.97 22.84 7.6 1.54 

Galactose 2.96 5.61 74.58 14.16 20.6 1.66 

Ribose 2.21 4.18 78.76 5.56 10.3 1.52 

Arabinose 1.99 3.76 82.52 4.32 0 1.15 

Lactose 1.76 3.33 85.86 9.12 5.3 2.15 

Xylose 1.53 2.89 88.75 3.72 0 0.63 

Inositol 1.21 2.3 91.04 3.76 1.2 1.58 
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Electronic supplementary material (ESM) 
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ESM_1a: Chromatograms of 19 sugar standards (Concentration: 10mg/ml) 
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                          ESM_1b: Sugars standards with their retention times 

 

 

 

 

 

 

 

 

 

   
 

  

M
o
n

o
sa

cc
h

a
ri

d
es

 

SUGARS 

Retention 

Time (RT) 

1 Rhamnose 4.374 

2 Ribose 4.564 

3 D Fucose 5.387 

4 Xylose 5.411 

5 Arabinose  6.371 

6 

N-acetyl-D- 

glucosamine 
7.18 

7 Fructose 7.26 

8 Mannose 8.493 

9 D- Sorbitol 8.819 

10 Glucose 9.117 

11 Mannitol 9.162 

12 Galactose 9.987 

13 

D
is

a
cc

h
a
ri

d
es

 

Sucrose 16.97 

14 Inositol 18.898 

15 Cellobiose 22.6 

16 Maltose 22.611 

17 Trehalose 26.09 

18 Lactose 27.178 

19 Melibiose 33.215 
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ESM_3a Fourier-transform infrared (FT-IR) spectra’s of cell-bound EPS extracted from 

freshwater biofilm-forming bacteria. The freshwater bacterial EPS spectra is represented in 

green colour. The zoomed infra-red (1800 - 600 cm-1) spectral section is shown in black 

colour. F= Freshwater. 
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ESM_3b Fourier-transform infrared (FT-IR) spectra’s of cell-bound EPS extracted from 

estuarine biofilm-forming bacteria. The estuarine bacterial EPS spectra in orange colour. The 

zoomed infra-red (1800 - 600 cm-1) spectral section is shown in black colour. E = Estuarine. 

One of the estuarine (MH429956.1), showed a spectral pattern similar to the freshwater 

bacteria as shown below.  
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ESM_3c Fourier-transform infrared (FT-IR) spectra’s of cell-bound EPS extracted from 

estuarine biofilm-forming bacteria depicting spectral pattern similar to the freshwater 

bacteria. The estuarine bacterial EPS spectra in orange colour. The zoomed infra-red (1800 - 

600 cm-1) spectral section is shown in black colour. E = Estuarine.  
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